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1. Introduction

Methylation of uracil at C5 to form thymine moieties is an impor-
tant transformation in both DNA biosynthesis and posttranslational
modification of RNA (Scheme 1). The DNA building block 2’-deox-
ythymidine-5’-monophosphate (dTMP, or thymidylate) is formed
by methylation of 2’-deoxyuridine-5-monophosphate (dUMP).
Thymidylate is essential for survival of all organisms, since without
a pool of thymidylate for DNA biosynthesis cellular reproduction
ceases [1]. In RNA, methylated uracils are found at a single site in
tRNAs and two sites in the ribosome [2]. The 5-methyluridyl at posi-
tion 54 in the T-loop of tRNAs in almost all living cells (designated as
T54) plays a role in maintaining the tertiary structure of tRNA [3].
One of the methylated uracils in rRNA, U1939 located at the interface
of ribosomal subunits, has been proposed to be involved in interac-
tion between the subunits and in sensing uncharged tRNAs [4,5]. The
second methylated uracil inrRNA (U747)is situated in the ribosomal
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tunnel through which the emerging peptide chain passes during
protein synthesis, and hence might be involved in regulatory
interactions with the synthesized peptide [6].

Different enzymes are responsible for uracil methylation in
DNA biosynthesis and RNA modification. Conversion of dUMP to
dTMP is catalyzed by thymidylate synthase (TSase) enzymes.
Two different classes of TSases are known which are dissimilar in
their sequence, structure, cofactor requirements and chemical
mechanism. The extensively studied ThyA TSase is a homodimeric
enzyme (Fig. 1A) that utilizes (R)-N°,N'°-methylene-5,6,7,8-tetra-
hydrofolate (CH,Hyfolate) as both a methylene and a hydride
source for the C7 methyl of dTMP (Scheme 2A). On the other hand,
a recently discovered ThyX TSase is a homotetrameric catalyst
(Fig. 1B) that uses CH,H,folate only for its methylene, and acquires
the reducing hydride from nicotinamide adenine dinucleotide
phosphate (NADPH) or other reducing agents (e.g. dithionite, ferre-
doxin, etc.). The redox chemistry in ThyX TSase is mediated by fla-
vin adenine dinucleotide (FAD) cofactor (Scheme 2B). Many human
pathogens, including biological warfare agents, lack the genes for
ThyA TSase and rely on this alternative flavin-dependent TSase in-
stead [7-10]. Since ThyX differs from ThyA TSase in structure and
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Scheme 1. Uracil methylation reaction catalyzed by the enzymes reviewed here.
R = 2'-deoxyribose or RNA.

chemistry and is absent in humans, it can potentially serve as a tar-
get of antibiotics with low toxicities.

The methylation of U1939 and U747 in rRNA of the ribosome is
carried out by RumA and RumB methyltransferases, respectively.
In tRNA, the enzyme TrmA catalyzes the production of T54.
Although RumA, RumB and TrmA share little sequence and struc-
ture homology, all three enzymes use S-adenosylmethionine
(SAM) as a methyl donor and follow the same chemical mecha-
nism, described in detail later.

In late 1970s, an alternative class of enzymes has been discov-
ered for T54 production in tRNA. Unlike TrmA, the enzyme respon-
sible for catalysis in this alternative pathway does not depend on
SAM but rather uses reduced FAD and CH,Hufolate, and is therefore
designated as TrmFO methyltransferase. Even though TrmA and
TrmFO phylogenic distribution is mutually exclusive, with TrmFO
present in several pathogens, early studies [11] showed little effect
of TrmFO on bacterial growth. If further investigation demon-
strates some essential activity of TrmFO in the cell, this enzyme
could become of interest as an antibiotic target.

This review highlights the available structural and mechanistic
knowledge of the classical and alternative enzymes in biological
uracil methylation, and offers a possibility of using inhibitors
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specifically aiming at microbial thymidylate production as antimi-
crobial drugs.

2. Classical thymidylate synthase (TSase, EC 2.1.1.45) and flavin-
dependent thymidylate synthase (FDTS, EC 2.1.1.148)

ThyA thymidylate synthase has been intensively studied for dec-
ades, with over a hundred crystal structures available to date, and
consequently is referred to as classical TSase. ThyA is a homodimer
with one active site per subunit, as shown in Fig. 1A. The enzyme
uses CHHyfolate as both the source of a one-carbon unit and the
reducing hydride to form the C7 methyl of dTMP, and produces
7,8-dihydrofolate (H,folate, Scheme 2A). CH,H,folate is regener-
ated for subsequent TSase turnovers by reduction of Hfolate by
dihydrofolate reductase (DHFR, encoded by folA gene) to form Hyfo-
late and then conversion to CH,H,folate catalyzed by serine
hydroxymethyl transferase (SHMT). The TSase/DHFR cycle is cen-
tral to thymidylate biosynthesis in the organisms relying on ThyA.

The currently proposed chemical mechanism of classical TSase is
presented in Scheme 3A [1,12]. Upon binding, N10 protonation of
CH,H,folate results in a reactive iminium cation (step 1). A con-
served active site cysteine covalently activates dUMP via Michael
addition (step 2), and the C5 of the resulting enolate reacts in a
Mannich-type condensation with the N5 imine of CH,Hyfolate (step
3). The enzyme-bound bridged intermediate undergoes Hofmann
elimination of Hyfolate (step 4) to form an exocyclic methylene
intermediate. Finally, the C7 of this intermediate is reduced by
the 6S hydride from Hyfolate (step 5) producing H,folate and dTMP.

Establishment of the chemical mechanism for classical TSase
relied on key kinetic, chemical and structural studies. Michael-
addition (Scheme 3A, step 2) and subsequent enolate condensation

Fig. 1. Structures of thymidylate synthases. (A) Classical thymidylate synthase dimer from E. coli (PDB ID 2KCE). The dUMP substrate is red and the CH,Hafolate analog (Zd
1694, Raltitrexed) is magenta, shown as space filling shapes. (B) Flavin-dependent thymidylate synthase tetramer from T. maritima (PDB ID 1026). FAD prosthetic group is
blue and dUMP is red. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)
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Scheme 3. Proposed chemical mechanisms of various uracil methylation enzymes. (A) The mechanism of classical TSase-catalyzed reaction. (B) The mechanism of FDTS-
catalyzed reaction involving an enzymatic nucleophile. (C) The mechanism of FDTS-catalyzed reaction, where reduced flavin acts as the nucleophile. R = 2’-deoxyribose-5'-
phosphate; R’ = (p-aminobenzoyl)-glutamate; R” = adenosine-5'-pyrophosphate-ribityl. (D) The mechanism of S-adenosylmethionine-dependent RNA methyltransferases
(Rum A and TrmA). SAM = S-adenosylmethionine; SAH = S-adenosylhomocysteine. (E) The mechanism of folate/FAD-dependent tRNA methyltransferase (TrmFO). Note that in
cases of the flavin-dependent enzymes, the FAD cofactor remains non-covalently bound to the enzyme throughout the catalytic turnover.

(Scheme 3A, step 3) of the mechanism are supported by the crystal
structure of the wild-type Escherichia coli enzyme in a covalent
complex with 5-fluorouridylate and CHjHgfolate (Protein Data
Bank ID 1TLS) [13]. The mechanism for the formation of this com-
plex is outlined in Scheme 4A. This covalent ternary intermediate
(Scheme 3A, between steps 3 and 4) has also been detected in
quenching experiments with wild-type TSase [14] and by isolation
on SDS-PAGE in reactions of EG0A and E60L mutants of L. casei
TSase with radiolabeled substrates [15]. The formation of the exo-
cyclic methylene intermediate (Scheme 3A, between steps 4 and 5)
was confirmed in experiments with a W82Y mutant of L. casei
TSase [16], which allowed premature release of Hyfolate from the
active-site and subsequent chemical trapping of the intermediate
with B-mercaptoethanol under steady-state conditions.

The kinetic mechanism of classical TSase is generally sequential
with dUMP binding first. This is supported by structural studies and
monitoring the release of 5F-dUMP as a function of CH,Hyfolate
concentration. The ordered mechanism is also supported by the
complete suppression of dUMP kinetic isotope effects (KIEs) at high
CH,H,folate concentrations [17]. Under certain conditions, how-
ever, such as when using polyglutamyl CH,H,folates and with some
mutants, the order of binding can become random. For this reason,
it is accepted that the binding order of substrates to TSase is mostly
preferential but subject to change based on reaction conditions
[12].

Several clinical drugs (e.g. 5-fluorouracil, 5-trifluoromethyl
2'-deoxyuridine, etc.), used for chemotherapy and treatment of
other conditions, have been shown to act through inhibition of
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Scheme 4. Mechanism of inhibition of SAM- and folate-dependent uracil methyltransferases by 5-fluorouridylate. (A) Mechanism of formation of an inhibitory covalent
complex in CHH,folate-dependent enzymes (classical TSase and TrmFO). (B) Mechanism of formation of an inhibitory covalent complex in SAM-dependent enzymes (RumA

and TrmA). SAM = S-adenosylmethionine; SAH = S-adenosylhomocysteine.

classical TSase [18]. Competitive inhibitors of TSase have been
developed based both on the pyrimidine (5-substituted uridylates)
and folate (raltitrexed, 10-methylfolate, 10-propargyl-5,8-dide-
azafolate and others) moieties. Many of the 5-substituted sub-
strate, intermediate, and product nucleotide analogs function by
reaction with the enzyme, thus causing mechanism-based inacti-
vation. Covalent anchoring of these inhibitors by the active-site
cysteine of classical TSase is a key feature of their mechanism of
inactivation. A well-studied example, 5F-dUMP (K4 ~ 10~'2 M), re-
acts with the active site cysteine and undergoes condensation with
CH,Hjfolate but prevents proton abstraction and elimination of the
Hgfolate, as a consequence stalling the reaction at the covalent ter-
nary complex (Scheme 4A). Other dUMP analogs carry C5 substit-
uents that upon cysteine attack at C6 become reactive and
covalently bind to other proximal residues of the enzyme, or react
with solvent water. The enzyme inactivation by this type of inhib-
itors is independent of CH,H,folate. The same is true for substrate
analogs with electrophilic C5 substituents that serve as a sink for
the negative charge generated in cysteine attack at C6 (e.g. 5-
NO,-dUMP, dAzMP and others) [12,19].

The extensive study of classical TSase resulted in its well-
characterized structure and mechanism, and identification of key
compounds that inhibit its activity. This knowledge has been useful
not only clinically in light of the drugs that target TSase, but also in
establishing a model of catalysis for many other enzymes. For in-
stance, such enzymes as dUMP and dCMP hydroxymethyltransfe-
rases, DNA and RNA cytosine methyltransferases, and RNA uridyl
methyltransferases (considered later) share similar catalytic fea-
tures [12,20]. The use of classical TSase as a model system has re-
cently extended even further with detailed mechanistic study
using KIEs and other methods to probe the enzyme’s role in activat-
ing and catalyzing C-H bond cleavage [17,21]. This underscores the
importance of classical TSase and continued studies of this enzyme
to understand general features of biological catalysts.

In 2002, several organisms were identified that lacked the genes
coding for classical TSase, DHFR, or thymidine kinase (a thymidine-
scavenging enzyme), yet produced thymidine as indicated by their
growth in thymidine-depleted media [7,22,23]. This finding led to
the discovery of an alternative thymidylate synthase enzyme,
ThyX. ThyX thymidylate synthase catalyzes the same net conver-
sion of dUMP to dTMP, as classical TSase (Scheme 2B). However,
unlike classical TSase, ThyX uses CH,H,folate only as a methylene
donor and employs a flavin adenine dinucleotide (FAD) prosthetic

group to catalyze the redox chemistry, and is therefore referred to
as flavin-dependent thymidylate synthase (FDTS).

FDTS accomplishes the combined activities of classical TSase and
DHEFR, converting dUMP to dTMP and producing Hafolate instead of
H,folate (Scheme 2B). Since some organisms that depend on FDTS
lack the gene for DHFR, it was suggested that FDTS might be a
bifunctional enzyme, with classical TSase and flavin-dependent
DHFR activities. Such bifunctional classical TSase-DHFR enzymes
are common in protozoa [24] and plants [25]. However, several
observations have ruled out the possibility of FDTS being a bifunc-
tional catalyst: (i) in studies with (R)-[6->H]-CH,H,folate, the tri-
tium was retained by Hyfolate and not transferred to dTMP [26],
as with the classical TSase [1,27]; (ii) in contrast to classical TSase,
reactions carried out in D,O produced deuterated dTMP, which
points to proton exchange between the reduced flavin and the sol-
vent prior to a hydride transfer from the flavin directly to the nucle-
otide; and (iii) when using tritiated NADPH to reduce the flavin, the
tritium was found in water and not Hufolate [26], ruling out a flavin-
dependent DHFR functionality of FDTS. Overall these findings sup-
port a mechanism in which NADPH reduces FAD to FADH, and the
uracil moiety accepts a hydride from the FADH, to form dTMP [28].

Very few crystal structures of FDTS enzymes are available today.
The first crystal structure of FDTS, obtained from the organism Ther-
motoga maritima, showed no structural similarity with classical
TSase [29]. Unlike dimeric classical TSase, FDTS is a homotetramer
with four active sites, each at the interface of three of the subunits
(Fig. 1B). Since then, crystal structures for FDTSs from Mycobacte-
rium tuberculosis [30], Paramecium bursaria chlorella virus-1 [31],
and more recently Helicobacter pylori [32] have been solved, with
FAD only and FAD in combination with dUMP, 5F-dUMP or 5Br-
dUMP. Additionally, a structure with NADP* has been solved for
M. tuberculosis FDTS, where nicotinamide replaced the flavin cofac-
tor in the enzyme during crystallization. However, the mechanistic
importance of this finding has yet to be realized [33]. Structures
with CH,Hyfolate or any other folate moieties, on the other hand,
have not been obtained. Although FDTSs from different organisms
differ in sequence and size, tetrameric structure and key residues
involved in substrate binding and catalysis are conserved.

Structural comparison of classical TSase and FDTS provides in-
sight into the differences in catalysis of these two enzymes. The
binding sites for dUMP and FAD within the FDTS active-site have
been characterized. In the structures, the N5 of isoalloxazine ring
of FAD is located sufficiently close to the uracil moiety to donate
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its hydride to the nucleotide (<4 A). The conserved cysteine crucial
to classical TSase activity is absent from the FDTS active site, and
some FDTSs lack cysteines altogether. The only likely candidate
for cysteine’s role as an enzymatic nucleophile in FDTS is a con-
served serine residue located 4 A away from the electrophilic C6
of dUMP. The hypothesis of serine acting as a nucleophile was sup-
ported by studies of FDTS from M. tuberculosis and H. pylori
(MtbFDTS [34] and HpFDTS [35], respectively). A chemical mecha-
nism, where serine acts as the catalytic nucleophile similar to the
cysteine of classical TSase is presented in Scheme 3B [26]. In this
mechanism, serine activates dUMP (step 2) for subsequent reaction
with CH,Hyfolate (steps 3-5). In the final step, the enzyme-bound
exocyclic methylene intermediate is reduced by a hydride from
FADH, (step 6), releasing the product dTMP.

The mechanism with serine as an active-site nucleophile was fur-
ther investigated by conducting mutation studies with T. maritima
FDTS (TmFDTS) [36], similar to those with MtbFDTS [34] and HpFDTS
[35]. Surprisingly, mutation of the only conserved serine in the
TmFDTS active site (S88) to alanine resulted in an active enzyme.
Moreover, an S88C mutant was 400 times less active than the
wild-type enzyme and did not display any classical TSase activity
(i.e. catalysis without the reducing equivalents from NADPH or
dithionite). The search for other potential nucleophiles in active site
of TmFDTS revealed the conserved residues S83 and Y91 as possible
candidates. Tyrosine mutation to phenylalanine in HpFDTS, how-
ever, yields an enzyme with 50% more, not less activity than the wild
type [35]. The $83, on the other hand, is too far away (17 A) from the
electrophilic C6 of dUMP to activate it and is hydrogen-bonded to
the adenosine moiety of FAD at the core of the FDTS tetramer, and
is thus not a capable nucleophile. These observations suggested that
FDTS catalysis does not rely on an enzymatic nucleophile [36].

Experiments with halogenated dUMP analogs further strength-
en the lack of an enzymatic anchor in FDTS-catalyzed reaction.
With classical TSase, isolation of a covalent complex of the enzyme
with 5F-dUMP and CH,Hgfolate (PDB ID 1TLS) served as an evi-
dence for Michael addition. No such complex has been identified
for FDTS either in MALDI-TOF mass spectrometry [36] or X-ray
crystallography [37] analyses. Furthermore, 5F-dUMP was shown
to inhibit FDTS only at micromolar concentrations — orders of
magnitude higher than observed for classical TSase — and inhibi-
tion was completely reversible. Another test for a Michael nucleo-
phile in enzyme’s active site is the dehalogenation of 5Br-dUMP.
While classical TSase catalyzes this dehalogenation [38], FDTS fails
to do so.

Other possible non-enzymatic nucleophiles include a hydroxide
from the water and the N5 of the flavin, proposed to be the nucle-
ophile in UDP-galactopyranose mutase catalysis [39]. However, the
basic environment in the FDTS active site necessary for deprotona-
tion of water to form hydroxide is lacking. Studies with 5-carba-5-
deaza-FAD, i.e. FAD with a carbon in place of the N5, resulted in an
active enzyme, thus eliminating the N5 nucleophilic involvement
[36].

With the data supporting the absence of an enzymatic nucleo-
phile, a revised version of mechanism in Scheme 3B is necessary
for FDTS-catalyzed reaction. To follow the flow of hydrogens from
the reduced flavin, isotopic labeling experiments were conducted
with TmFDTS [36]. In reactions in D,0 at 65 °C (close to the phys-
iological temperature of T. maritima), 7-D-dTMP was identified as
the sole product. However, similar reactions done at 37 °C pro-
duced up to 60% of 6-D-dTMP, which suggested that the hydrogen
could be directly transferred from the reduced flavin to C6 of the
uracil [36].

In light of the studies described above, a mechanism consistent
with all current mechanistic and structural data was proposed,
where a hydride from FADH, nucleophilically attacks the C6 of
dUMP (Scheme 3C, step 1). The subsequent steps lead to the

formation of a putative exocyclic methylene intermediate (Scheme
3C, between steps 3 and 4), analogous to the classical TSase inter-
mediate (Scheme 3A, between steps 4 and 5) except for the lack of
the covalent bond to the enzyme. This intermediate is an isomer of
dTMP and needs to undergo rearrangement to form that product
(Scheme 3C, step 4). Interestingly, the chemistry proposed in
Scheme 3C is quite different from that of classical TSase and uridyl
methyltransferases in general.

In addition to efforts to establish the chemical cascade for FDTS-
catalyzed reaction, its kinetic mechanism has been explored over
the past several years. Altogether, FDTS seems to follow a sequen-
tial order of substrate binding, with little data available on the or-
der of product release. The multisubstrate nature of the FDTS
reaction makes its comprehensive kinetic analysis challenging.
Furthermore, the activation kinetics observed for dUMP, substrate
inhibition and negative cooperativity observed for CH,Hjfolate,
and the ability for FDTS to function as an oxidase (reducing molec-
ular oxygen to hydrogen peroxide) have also added to the compli-
cations involved in deconvolution of the entire kinetic mechanism
[28]. While the oxidase activity of FDTS can compete with the syn-
thase activity and potentially interfere with dTMP production, it
has proved instrumental in probing the nature of substrate bind-
ing. In studies of FDTS oxidase activity, it was demonstrated that
the rate of H,0, formation increases as a function of dUMP concen-
tration when CH,Hyfolate is not present suggesting that dUMP may
activate the redox chemistry of the flavin. The observation that
CH,H,folate and O, compete for the same activated enzyme com-
plex allowed an approximation of binding affinities for these spe-
cies. Importantly, this has led to better approximations for
functional binding constants for both dUMP and CH,Hfolate, giv-
ing a more realistic picture of binding than offered by standard
Michaelis analysis [40].

Potent classical TSase inhibitors (as mentioned above) have
been tested in the past against FDTS activity but showed no or little
effect [41]. This enhances the promise for the development of
inhibitors specific to FDTS with low effects on the classical enzyme,
and thus lower toxicity to the host. One avenue for such selective
inhibition is the development of analogs that mimic the non-cova-
lent intermediates in FDTS mechanism (Scheme 3C) or the transi-
tion states for their formation. These molecules might bind
tightly to FDTS, but not to classical TSase. Another possibility is
to exploit the structural differences in the active sites of classical
TSase and FDTS. Namely, classical TSase has a deep and well orga-
nized active site that closely interacts with the functional groups of
the bound folate and dUMP moieties [26,42]. FDTS, on the other
hand, seems to have much larger, flexible and solvent-exposed ac-
tive site. As a result, bulkier analogs of the substrates may selec-
tively bind to the accessible FDTS active site, but not to the
sheltered classical TSase pocket. To date there are very few com-
pounds that are known to inhibit FDTS and none have proven to
be highly specific or mechanism-based. Recently, a series of deriv-
atives based on a thiazolidine core were synthesized and shown to
inhibit FDTS activity [43]. This resulted in the identification of two
classes of submicromolar inhibitors, which either competed with
dUMP or inactivated FDTS independently of dUMP concentration.
To date, none of these compounds have been demonstrated to be
selective for FDTS lowering their potential to serve as drug leads.
The only report of a selective FDTS inhibitor is that of a 5-propy-
nyl-dUMP derivative, with additional eight-carbon amide attached
to the side chain (N-(3-(5-(2'-deoxyuridine-5’-monophosphate))
prop-2-ynyl)-octanamide) [44], which inhibited MtbFDTS almost
100 times more than classical MtbTSase enzyme. The mechanism
for the selective inhibition for this compound is not known but
could be due to the ability of the accessible FDTS active site, but
not the sheltered TSase pocket, to accommodate the bulky
inhibitor.
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3. SAM-dependent RNA methyltransferases (EC 2.1.1.35) and
folate/FAD-dependent tRNA methyltransferase (EC 2.1.1.74)

Methylation of uracil moeties also occurs in posttranscriptional
modification of RNA. These important biological modifications are
carried out by either the S-adenosylmethionine (SAM)-dependent
enzymes RumA, RumB and TrmA, or folate-dependent TrmFO
enzymes.

RumA and RumB methyltransferases methylate U1939 and
U747, respectively, of 23S rRNA. The first reported RNA uridine
methyltransferase crystal structure was that of E. coli RumA, in com-
plex with S-adenosylhomocysteine (i.e. SAM without its S-methyl)
and a 37-nucleotide fragment of 23S rRNA (PDB ID 1UWV and
2BH2)[45]. Interestingly, the structure showed RumA to be a mono-
meric metalloprotein containing a [4Fe4S] cluster, which was pro-
posed to play a role in correct protein folding and/or rRNA binding.
In the structure, the C5 of U1939 to be methylated within the nucle-
otide fragment was replaced with fluorine. This substitution stalled
the methylation and led to formation of a stable covalent enzyme-
RNA complex (Scheme 4B), which indicated involvement of an enzy-
matic nucleophile analogous to cysteine in classical thymidylate
synthase mechanism (Scheme 3A). The proposed chemical mecha-
nism for RumA with Michael addition of a catalytic cysteine (C389
in E. coli) to C6 of the uridine is shown in Scheme 3D [46]. Based
on the structure, the conserved glutamate (E424) was suggested to
be the general base in step 3 of the mechanism, and this hypothesis
was confirmed by mutagenesis [45].

In most Gram negative bacteria, some archae and all eukary-
otes, TrmA enzyme is responsible for catalyzing SAM-dependent
U54 methylation within tRNA. Although TrmA shares little se-
quence homology with RumaA, a recently obtained crystal structure
of E. coli TrmA E358Q mutant complexed with a 19-nucleotide
tRNA fragment (PDB ID 3BT7) showed RNA binding in a manner
similar to RumA [47], and suggested TrmA chemical mechanism
to be analogous to that of RumA (Scheme 3D). Mutation of the glu-
tamate 358 to glutamine arrested catalysis and allowed crystalliza-
tion of the covalent complex (Scheme 3D, between steps 2 and 3).
Isolation of this complex supported the role of E358 as a general
base in TrmA, similarly to E424 in RumaA.

Over three decades ago, it was reported that tRNA U54 methyl-
ation in the Gram-positive bacteria Bacillus subtilis and pathogenic
Enterococcus faecalis does not depend on SAM. Instead the purified
methytransferases from these organisms use CH,Hjfolate as a
methylene donor and FADH, as a reductant, as supported by incor-
poration of tritium from [5->H]-5-deaza-FMNH, into the methyl of
thymidine product [48]. More recently, a gene coding for the fo-
late/FAD-dependent tRNA methyltransferase, named TrmFO, has
been identified in most Gram-positive and some Gram-negative
bacteria, including T. maritima and Thermus thermophilus [49,50].
Notably, the phylogenic distribution of TrmFO and TrmA enzymes
is mutually exclusive.

The chemical mechanism of TrmFO-catalyzed reaction has re-
mained elusive due to lack of structural information. The recent
crystal structure of T. thermophilus TrmFO-H,folate complex (PDB
ID 3G5R) provided some insight into the methylene transfer step
in this enzyme’s catalysis [51]. In the complex, the pterin ring of
the folate is sandwiched between the isoalloxazine moiety of
FAD and the imidazole of a histidine residue. Modeling of CH,Hyfo-
late and manual docking of a tRNA into TrmFO-Hyfolate structure
places the target U54 in close enough proximity for a direct meth-
ylene transfer from CH,Hyfolate to the uracil. Additionally, a con-
served cysteine (C51 in T. thermophilus TrmFO) located in the
vicinity of flavin ring was speculated to nucleophilically activate
U54, analogously to the catalytic mechanisms of ThyA and TrmA
uridyl methylases (Schemes 3A and D, respectively). Indeed, muta-
tion of C51 to alanine abolished TrmFO activity.

The possibility of covalent catalysis in TrmFO reaction, and the
role of the active-site cysteine in particular, were further explored
in studies with B. subtilis enzyme [52], whose structure has not yet
been solved. Using a gel mobility-shift assay, it was shown that the
wild-type enzyme and several of its mutants formed a covalent ad-
duct with a substrate analog (5F-U54-miniRNA). Contrary to
expectations, the alanine mutant of cysteine-53 (equivalent to
C51 in T. thermophilus TrmFO) was still capable of forming the
covalent complex, despite the inability of alanine to act as a nucle-
ophile. Instead, a conserved cysteine-226 far away from the active
site (>20 A in T. thermophilus enzyme) appears to fulfill the nucle-
ophilic function, since C226A mutant failed to produce the covalent
adduct and to methylate tRNA. On the basis of these observations,
a catalytic cascade for TrmFO shown in Scheme 3E was proposed.
Because C53A mutation abolishes the methylation activity of
TrmFO, this residue was suggested to be the general base in step
3 of the mechanism. The C226A/C51A double mutant, just like
C226A, formed neither the protein-RNA adduct nor the methylated
tRNA product.

Although C226 proposed to activate the uracil is a large distance
away from the active site, one possible scenario considered [52]
was that a conformational change in protein occurs upon tRNA
binding to bring this cysteine closer to the site of chemistry. Partial
proteolysis experiments with B. subtilis TrmFO showed that enzyme
becomes more susceptible to proteolysis in the presence of tRNA,
indeed pointing to the changes in protein conformation. In another
scenario, TrmFO could dimerize upon binding of tRNA, and €226 of
one monomer could activate the C6 of U54-tRNA bound in the ac-
tive site of the other monomer. Modeling of T. thermophilus TrmFO
dimer with the target uridine of tRNA in one of the active sites put
the uridine C6 atom ~6 A away from the C223 nucleophile, suggest-
ing that a structural change would still be needed to allow C223 to
participate in the catalysis. Certainly, a crystal structure of TrmFO
enzyme in complex with tRNA substrate could clarify the aspects
of its catalysis in the future.

4. Conclusion

Over the years, structural and mechanistic studies of uracil
methylating enzymes provided an insight into how these enzymes
work. Majority of these methyltransferases appear to share a cata-
lytic theme (e.g., RumA, TrmA, TrmFO and classical TSase), while
others (e.g., FDTS) seem to perform their function via unique chem-
istry. Such studies are of broad potential utility, ranging from using
uracil methyltransferases as potential antibiotic targets to con-
ducting basic research on how various enzymes catalyze the same
transformation using different chemical mechanisms. Studies of
FDTS enzymes in particular are still in their infancy, and many as-
pects of their catalysis need further elucidation, which is a major
reason for the current scarcity of potent and selective FDTS inhib-
itors [43,44]. Considering that FDTS represents an important but
under-characterized antibiotic target, future investigation of its
chemical mechanism and interactions with the substrates will
likely provide the basis for rational design of mechanism-based
inhibitors. To this date, the relevance of the folate/FAD-dependent
tRNA methyltransferase (TrmFO) to the survival of pathogens has
not been elucidated. If future studies reveal its specific activity in
the cell, TrmFO might join FDTS on the list of potential enzymatic
targets for future antibiotics.
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